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A microfabricated array of clamps for immobilizing and imaging C. elegans
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This paper describes the fabrication of a microfluidic device for rapid immobilization of large
numbers of live C. elegans for performing morphological analysis, microsurgery, and fluorescence
imaging in a high-throughput manner. The device consists of two principal elements: (i) an array
of 128 wedge-shaped microchannels, or clamps, which physically immobilize worms, and (ii) a
branching network of distribution channels, which deliver worms to the array. The flow of liquid
through the device (driven by a constant pressure difference between the inlet and the outlet)
automatically distributes individual worms into each clamp. It was possible to immobilize more
than 100 worms in less than 15 min. The immobilization process was not damaging to the worms:
following removal from the array of clamps, worms lived typical lifespans and reproduced
normally. The ability to monitor large numbers of immobilized worms easily and in parallel will
enable researchers to investigate physiology and behavior in large populations of C. elegans.

Introduction

This paper describes the fabrication of a microfluidic device for
rapid immobilization of large numbers (>100, with the potential
to expand to larger numbers) of live C. elegans. The procedure
requires less than 15 min, and distributes the worms into an
array of individual wedge-shaped channels, which we call
clamps. These clamps restrain the worms for high-resolution
optical imaging. When compared to existing methods for
immobilization, the microfluidic worm clamp reduces the
chemical and mechanical stress that immobilization places on
a worm. In addition, because our device immobilizes multiple
worms at once, it should decrease the amount of time needed to
collect data on large numbers of worms.

Studies of C. elegans often require that worms remain
immobile during observation. Experiments such as (i) detailed
structural analysis of anatomical features of the worm (for
example, the shape of the pharynx' or the structure of the
muscles of the body?), (ii) microsurgical ablation of tissues
using nano- or femtosecond laser pulses,’ and (iii) acquisition
of high-resolution time-series with fluorescent probes (for
example, for indirectly monitoring neuronal responses to
stimuli)®® all require that worms remain still (or at least
within the field of view of a microscope) for the duration of the
procedure.

There are currently two commonly-used methods for
immobilizing C. elegans: (i) gluing the worm to an agarose
pad using a cyanoacrylate glue,”>!" or (ii) treating the
organism with drugs, such as sodium azide (a metabolic
inhibitor)!! or levamisole (a cholinergic agonist).'> The first
method—gluing the worm—takes approximately two minutes
per worm (in our experience); in order to examine a large
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number of worms, researchers must devote substantial time
during an experiment to immobilizing the animals. In addition,
the adhesion of the glue to the worm is not reversible: once a
worm has been glued, it is not possible to release it, and the
monomers in the glue are likely to have some toxicity. The
second method—treatment with paralytic drugs—is useful for
paralyzing (and, in this sense, immobilizing) very large
numbers of worms at once, but has the disadvantage that it
unavoidably changes the internal biochemical state of the
worm during the procedure. Less commonly, researchers have
used micropipettes to immobilize individual animals by
holding either the head or the tail of a worm in place inside
the micropipette using suction.!*'* A major limitation of this
procedure is that (as with the gluing method) it is only possible
to immobilize and examine one worm at a time.

Several groups have recently proposed microfluidic systems
for observing C. elegans;">~'7 however, these systems have been
designed either for imaging worms that are not immobilized at
low-resolution,!>'® or for imaging worms that have been
paralyzed, or even euthanized, at high-resolution.'”” To
improve upon existing methods for immobilizing worms, we
have developed a microfluidic device that is capable of
immobilizing over 100 worms at once. The device consists of
a network of distribution channels, which deliver worms to an
array of wedge-shaped microfluidic channels, or clamps. The
geometry of the clamps is such that the worms fit snugly inside
the wedge-shaped channels; the clamps physically prevent the
worms from moving.

A major advantage of this new tool is that one can
immobilize over 100 worms in less than 15 min. This procedure
reduces the amount of time that would otherwise be needed to
immobilize the same number of worms using the gluing
method by more than an order of magnitude. Because the
immobilization of worms within microfluidic clamps does not
involve treatment with drugs, or any other invasive measures,
it avoids disruption of the natural biochemical state of the
worm. By reversing the direction of flow in the device, one may
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release the worms from the clamps; repeated sampling of the
same population of worms at different times is therefore
possible. The ability to immobilize many worms in a single
device should enable researchers to perform highly parallel
experiments on large populations of worms. In principle, this
method could be extended to immobilize much larger numbers
of worms.

Experimental design

Design of the worm clamp

The body of C. elegans has the shape of an elongated cylinder
that tapers at both the head and tail ends. As Fig. 1a shows, an
adult worm is approximately 1.2 mm long and 50-60 pum

(a)

PDMS

Fig. 1 Design of the worm clamp. (a) C. elegans crawling freely
(towards the upper right-hand corner of the image). The worm in this
image is approximately 1.2 mm long and 50-60 um wide. (b) Schematic
illustration of the microfluidic worm clamp. The worm clamp consists
of a tapered microfluidic channel-—constructed in PDMS—that is
designed to restrain the motion of a worm. A pressure difference
applied across the inlet and outlet drives the flow of liquid through the
device. The resulting pressure-driven flow carries the worm into the
wedge-shaped microchannel (the clamp) until the worm fits snugly
within the channel. (c) Schematic illustration of a worm immobilized
within a single worm clamp. The pressure along the clamp decreases
from Py at the inlet, to Py at the tail of the worm, to P, at the head of
the worm, and finally, to P; at the outlet of the clamp. A constant
pressure difference across the inlet and the outlet of the device (AP =
Py — P5 = const) is used to drive the flow of liquid through the device.
The volumetric rate of flow through the device is represented by Q.

wide."® In order to crawl forward on a surface or to swim in a
liquid environment, C. elegans contracts and relaxes a set of
dorsal-ventral muscles to produce a coordinated sinusoidal
motion along its body'® (the worm shown in Fig. 1a is crawling
towards the upper right-hand corner of the image). On an agar
surface, an adult worm crawls at a rate of approximately
200 pum-—roughly 20% of the length of its body—per second.*
This velocity makes it technically difficult (though not
impossible?*?) to track the movement of a worm at high
magnification. (Detailed observation of C. elegans often
requires a magnification of 50 x or more.>*¢21:22)

Our approach for immobilizing C. elegans was to capture
individual worms inside of wedge-shaped microchannels with
cross-sectional dimensions similar in size to the cross-sectional
diameter of a worm. Each worm is held in place by the geometry
of the clamp: the walls of the channel prevent any sinusoidal
motion along the body of the worm and thus prevent the worm
from crawling or swimming in the microchannel. Fig. 1b
illustrates this approach. A similar method has previously been
used to trap human erythrocytes.”>>*

Constant pressure versus constant flow

We used a constant pressure difference between the inlet and
the outlet of the device to drive the flow of liquid (and along
with the flow, worms) from the inlet into the device, and to
hold the worms in place in the clamps. Fig. lc shows a
schematic diagram of the distribution of pressure along a
wedge-shaped microchannel containing a worm. (We have
analyzed a related problem—the pressure drop along rectan-
gular microchannels containing bubbles—previously in
detail.?)

The distribution of pressure along a single worm clamp
(Fig. 1c) is governed by a system of equations (eqn (1)), where
Py is the pressure at the inlet, P, is the pressure at the tail of the
worm, P, is the pressure at the mouth of the worm, P; is the
pressure at the outlet, Ry is the resistance of the inlet part of
the channel, R|, is the resistance of the part of the channel
containing the immobilized worm, R,3 is the resistance of the
outlet part of the channel, and Q is the volumetric flow rate of
liquid through the clamp.

Py—P1 =Ry 0
Py —P,=R»0 ()
Py—P3=Rp0

If the pressure difference driving the flow of liquid through
the system is kept constant (AP = P, — P3 = const), the
pressure drop across the worm is given by eqn (2).

Ri»

Pi—Php=——————
"7 R+ R+ Ros

(Po—P3) @

The presence of the worm in the wedge-shaped channel
increases the resistance of the channel (the worm plugs the
channel)—the better the worm conforms to the shape of the
clamp, the higher the resistance of the part of the channel
containing the worm (that is, ultimately, Rj, — <0). In this
case, the pressure difference to which the worm is subjected
can never exceed the driving pressure (AP = Py — P3) applied
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to the whole system (eqn (3)).

1
Ro1 + Ry3
14— TS
Ryp

lim (P;—Py)= lim

Ry~ Riy— w0

(Po—P3) | =(Po—P3) (3)

If, alternatively, the volumetric flow rate of the liquid
through the system is kept constant (Q = const), then the
pressure gradient across the worm is given by eqn (4).

PI*P2:R12Q (4)

As the resistance of the channel increases (R;, — ), due to
the presence of the worm, the pressure gradient across the
worm rises without bound (eqn (5)). The unbounded increase
in pressure that would result from the operation of the device
in the regime of constant flow could cause significant
mechanical damage to the immobilized worm: a large pressure
gradient across the worm could potentially rupture its cuticle.
By choosing to operate the device in the regime of constant
pressure, we place an upper limit on the pressure gradient
across the worm immobilized within the clamp.

hm (F - £)= lim (R,0)=co 5)

Ry, »o

Design of an array of multiple worm clamps

Fig. 2a shows the actual design of a single worm clamp. The
width of the microchannel narrows gradually—from 100 pm to
10 um—over a length of 5 mm. We designed the channels to
taper gradually to accommodate worms of varying sizes;
natural variation in diameter and length exist even within
isogenic populations of worms.

In order to immobilize many worms in a single device, we
created a microfluidic array of the individual worm clamps. Fig. 2b
shows the design of an array of four clamps, with a network of
distribution channels leading to, and from, the clamps.

The network of channels that deliver the worms from the inlet
to the clamps contains only bifurcated branching points. It is
straightforward to increase the number of clamps (2V) in the
array by increasing the number of bifurcation points (N). We
chose bifurcations (as opposed to trifurcations, or even higher
order branching topologies) because it is straightforward to
design downstream branches of identical fluidic resistance for
each of the branching points in the network. This design prevents
any bias in the distribution of worms due to geometry, and also
ensures that if the total driving pressure across the device is
constant, the pressure drop across each worm immobilized
within the clamps should be approximately the same.

Distribution of the worms in an array of four clamps

At each bifurcation, or decision point, in the network of inlet
channels, the path of the worm is determined by the ratio of
the flow rates into the two downstream branches. In order to
analyze the distribution of flow through the array of four
clamps, it is useful to represent the array (with the
accompanying distribution channels from the inlet and to
the outlet) as a branched network of fluidic resistors (Fig. 2c).
The distribution of pressure throughout the array shown in

(a) 100 pm 10 pm
inlet R/?_JJ outlet

5 mm tapered region

(b)

inlet outlet

P
distribution
channels

worm clamps

Fig. 2 Design of an array of worm clamps. (a) Design of a single
worm clamp. (b) Design of an array of four worm clamps. The array is
designed such that, on average, one worm is sorted into each clamp.
The diagrams in (a) and (b) are not drawn to scale in the vertical
direction. (c) Analysis of the distribution of flow through an array of
four worm clamps. The four clamps (with the accompanying
distribution channels from the inlet and the outlet) are represented
as a branched network of fluidic resistors (R, through Ry). Each
resistive segment of the network has a corresponding volumetric rate
of flow (Q, through Qy), and each branching point has an associated
pressure (P, through P5).

Fig. 2¢ is given by a system of algebraic equations (eqn (6)).

Py—P1=0yRoy P3—Ps=QsRs=0Q¢Re
Pi—Py=01R Py—Pe=0Q1 Ry

P —P3=0Ry Ps—Pe=0rRs

Py —Py=03R3=04R4 | Po—P7=00R9 (6)
Q=01+0>

01=03+04

0,=05+0s

We solve this system (eqn (6)) to find the flow rates
throughout the device (eqn (7), (8) and (9)). These relation-
ships help us to explain the dynamics of the distribution of
worms throughout the device as it is being filled with worms.

Eqn (7) show the ratios of the flow rates at the decision
points corresponding to P, and Ps.

9 _ Ry
Oy R
05 _Rs (7
Os Rs
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In an empty device, the flow rates through the clamp
corresponding to R; and the clamp corresponding to R4 are
equal, because the fluidic resistances of the clamps are equal.
Under these conditions, a worm at the decision point P, has an
equal chance of taking the path to clamp Rz or to clamp Ry.
Once a worm occupies, for instance, clamp R;, the balance of the
flow rates changes—the flow through clamp R; diminishes and
the flow through clamp R, increases (eqn (7)). The next worm to
arrive at the decision point P, will, therefore, likely take the path
to clamp R,. (While the ratio of the flow rates dominates this
decision, other factors—such as the voluntary swimming motion
of the body of the worm, the inertia of the worm, the geometry
of the decision point, and defects in the fabrication of the
device—may affect the actual outcome.) The distribution
process at Pj is identical to the process at point Ps.

Eqn (8) shows the ratio of flow rates into the downstream
branches at decision point P;.

RsRg
Ry+ Rg+

0 TP TRIIR,

Y ©
: ! R3+ Ry

The dynamics of the distribution of worms at the decision
point P; are slightly more complicated than at point P,, because
the ratio of the flow rates depends not only on the occupancy of
the clamps, but also on the presence of the worms in the
distribution channels leading up to the clamps (eqn (8), Fig. 2¢).
(The clamps prevent worms from ever reaching the channels
leading from the clamps to the outlet.) The presence of worms in
the distribution channels downstream of decision point P,
increases the resistance of these channels and the branches that
these channels comprise, and causes the next worm that reaches
the decision point to select the other branch.

The total flow through the four-clamp device (Fig. 2c) is
given by eqn (9).

(Po—P7)
R3R, RsRg
(R] + Ry + R3+R4> (R2+R8+ R5+R6)
R3Ry n RsR¢ )
R3;+ Ry  Rs+Rg

If the driving pressure (AP = Py, — P;) remains fixed, it
follows from eqn (9) that as the clamps become filled with
worms (R3, Ry, Rs, and Rg increase), the total flow through the
system decreases (eqn (9)).

The presence of a worm within a clamp significantly reduces
(or even completely obstructs) the flow of liquid through that
clamp. This reduction in flow diverts subsequent worms at the
upstream branching points into the other clamps. Thus by
design, the device loads a given clamp with only one worm. As
more clamps become occupied by worms, the total flow of

liquid through the device decreases, and the clamps fill with
worms progressively slower.

Qo= )

Ro+ Ro+

(R1+R2+R7+Rg+

Using soft lithography to fabricate the array of worm clamps

We fabricated the microfluidic array of worm clamps out of
poly(dimethyl siloxane) (PDMS) using soft lithography.?¢-28
Because PDMS is optically transparent at wavelengths above

230 nm,”® it is compatible with the majority of imaging
applications. PDMS is relatively mechanically compliant,
permeable to oxygen and carbon dioxide, and non-toxic;**
these properties make it an especially useful material for
constructing devices that are compatible with living organ-
isms.?®3132 Soft lithography has the additional advantage that
a large number of microfluidic components and analytical
tools—such as microelectrodes,® valves,>*** and lasers®®—
have previously been developed for use with PDMS devices. It
would be possible to incorporate these components into future
versions of the device.

Results and discussion
The immobilization device: an array of 128 worm clamps

By increasing the number of bifurcations from two to seven,
we were able to design an array of 128 worm clamps. Fig. 3a
shows the design for this 128-clamp device.

We fabricated the devices using soft lithography.?® The
height of all of the channels in the device was 55 um. The inlet
and outlet ports were constructed by punching 1.5 mm holes
through the PDMS devices using biopsy punches. Devices
were exposed to an oxidizing air plasma and sealed, either to a
plasma-oxidized glass slide (50 x 75 mm, 1.2 mm thick), or to
a plasma-oxidized glass coverslip (48 x 65 mm, No. 1
thickness) to enable imaging using objectives with short
working distances (objectives with high magnifying power).
Devices were filled with M9 buffer’” and placed under vacuum
(=95 kPa, or —0.94 atm, relative to the atmosphere) in a
vacuum desiccator for 10 min to remove any bubbles present
in the microfluidic channels.

Fig. 3b shows an illustration of the experimental set-up.
Flow through the device was driven by vacuum suction: a
pressure difference across the device was created by attaching
the outlet of the device to a source of vacuum (—95 kPa, or
—0.94 atm, relative to the atmosphere) via polyethylene tubing
(PE-205). An inlet reservoir, consisting of a glass Pasteur
pipette connected to the inlet of the device via polyethylene
tubing (PE-205), served as the loading port for the M9 buffer
and the suspension of worms.

Preparation of synchronous worms

We obtained a synchronous population of young adult worms
using an established method.?” Briefly, we transferred approxi-
mately 25 gravid (egg-containing) adult worms from a
bacterial lawn into a small volume (0.5 mL) of a 1 : 1 mixture
of 1 M sodium hydroxide and sodium hypochlorite. Within
10 min, the alkaline hypochlorite solution had dissolved the
bodies of the adult worms; the developing embryos within the
adult worms, however, were protected from damage by their
chitinous shells.*®

On average, each adult worm released 5-10 embryos.
The embryos were washed into M9 buffer and incubated,
without food, overnight at 20 °C. In the absence of food,
embryos of C. elegans will hatch and then arrest growth
early in the first larval stage (L1);* in this way, we created a
synchronous population of starved L1 animals. We transferred
the synchronized L1 worms onto nematode growth
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Fig. 3 The worm clamp device. (a) Design of an array of 128 worm
clamps; the inset is a magnified view of the array, showing 16 of the
128 clamps. The diagrams are not to scale in the vertical direction. (b)
Experimental set-up for the worm clamp device. Devices were made of
PDMS using soft lithography. An inlet reservoir was constructed by
connecting a glass Pasteur pipette to the inlet of the device using a 2 cm
long piece of polyethylene tubing. The inlet reservoir provided a
loading point for introducing a suspension of worms into the device.
Connection of polyethylene tubing at the outlet of the device to a
source of vacuum (—95 kPa, or —0.94 atm, relative to the atmosphere)
through a liquid trap (not shown) created a pressure difference across
the device, and produced the flow of liquid through the device.

media (NGM) agar plates that had been seeded with E. coli.
After 45 h at 20 °C, the synchronized worms had grown into
young adult animals.

Loading worms into the 128-clamp device

To prepare the worms for loading into the device, we washed
them from the NGM plates using 2 mL of M9 buffer, and
transferred the suspension to a conical centrifuge tube. To
remove bacteria from this suspension, we allowed the adult

worms to settle to the bottom of the tube, aspirated the
supernatant liquid, and resuspended the worms in fresh M9
buffer. The concentration of worms in the suspension was
approximately 100 worms mL ™.

To initiate loading, 0.5 mL of the suspension of
worms was added to the reservoir at the inlet of the device,
and the vacuum at the outlet was turned on. Immediately,
the flow of liquid carried worms into the device. Additional
worms were added to the reservoir at the inlet as needed.
Within 15 min, nearly every clamp in the device contained a
worm.

Fig. 4 shows the result of a typical experiment following
the addition of worms to the 128-clamp device. In total,
116 worms were successfully immobilized within the array of
clamps; that is, over 90% of the clamps contained a single,
immobilized worm. Occasionally,
entered a single clamp; the incidence of these ‘doubles,’
however, was low enough that it did not significantly
detract from the success rate of the device. For the experiment
shown in Fig. 4, there was only one clamp that contained two
WwOorms.

Some of the clamps did not contain any worms (11 of the
clamps shown in Fig. 4 are empty). As described by eqn (9) in
the Experimental design section, the cause of these empty
clamps was a decrease in the overall rate of flow at the inlet of
the device as the clamps became populated with worms, due to
the increase of the total fluidic resistance of the device. Despite
the fact that some of the clamps remained empty, the success
rate of the device was sufficiently high to immobilize over
100 worms in less than 15 min.

From the images in Fig. 4, it is apparent that the worms do
not all reach the same position along the clamps; instead, there
is a distribution of positions. This distribution is due to the
natural variation in size of the individual worms in a
synchronous population of worms. We quantified this
distribution by measuring the length of each worm within
the immobilization device. The mean length of the worms
shown in Fig. 4is (1.2 + 0.1) mm.

We found that the worms immobilized in the 128-clamp
device were not all oriented in the same direction. We observed
a weak bias towards the head-first orientation (63 out of
116 worms) over the tail-first orientation (53 out of
116 worms). We did not observe any correlation between the
orientation of a worm and the position of that worm in the
clamp. Fig. 5 shows a series of increasingly magnified views of
worms within the 128-clamp array. Anatomical features of
C. elegans—such as the mouth, pharynx, developing embryos,
unfertilized oocytes, and the tail—are observable at high
magnification.

two or more worms

Releasing the worms from the 128-clamp device

In order to remove the worms from the clamps, we manually
applied pressure to a buffer-filled syringe connected to the
outlet of the device to reverse the direction of flow through the
device, and collected the worms from the inlet in a suspension
of M9 buffer. During the removal process, one worm remained
trapped inside the device; however, we were able to extract all
of the other worms from the device successfully.

This journal is © The Royal Society of Chemistry 2007
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I | mm

Fig. 4 Composite image of worms immobilized within the 128-clamp
device. Pressure-driven flow was used to introduce a synchronous
population of worms into the device. The left panel corresponds to
array | in Fig. 3a; the right panel corresponds to array 2 in Fig. 3a. Out
of 128 clamps, 116 of the clamps contained a single, immobilized
worm, | of the clamps contained more than one worm (a ‘double’), and
11 of the clamps were empty. The symbols v, e, and  indicate vias
(distribution channels), empty clamps, and doubles (clamps with
two worms), respectively. The orientation of the worms appears to
be weakly biased towards the head-first orientation: of the 116 immo-
bilized worms, 63 are oriented head-first, and 53 are oriented tail-first.
The average length of the immobilized worms is (1.2 + 0.1) mm.

Monitoring the survival of worms following release from the
device

We had anticipated that any damage sustained by the worms
during the immobilization process would be mechanical
damage to either the outer cuticle or to the internal anatomical
structures of the worm. In C. elegans, damage to the cuticle is
readily observable as a loss of pressure in the body of the
worm. The turgid shape of the body of C. elegans is
maintained by high osmotic pressure within the cuticle of the
worm.*® If the cuticle surrounding the outside of the worm
becomes damaged, the internal turgor pressure will decrease,

Fig. 5 A series of magnified views of worms immobilized in the 128-
clamp device.

thus diminishing the ability of the worm to move. Significant
damage to the cuticle will cause a total loss of turgor pressure,
and will result in the death of the animal.**!

Additionally, damage to certain internal anatomical struc-
tures of the worm would likely be apparent after releasing the
worms from the immobilization device. For example, damage
to the reproductive system, the somatic muscles, or the gut (the
pharynx and intestine) would be observable in the worm as a
reduced ability to produce progeny, to crawl, or to eat,
respectively.

In order to demonstrate that the immobilization process did
not noticeably damage the worms, we monitored the behavior,
survival, and progeny-production of a subset of worms
following their removal from the clamps. We randomly
selected 21 worms from the more than 100 worms that had
been released from the device. We placed the worms on an
NGM plate that had been seeded with E. coli, and incubated
the worms at 20 °C. Upon visual inspection, the bodies of the
worms did not appear to be diminished in turgor pressure, and
they were crawling and feeding normally (Fig. 6b).

1520 | Lab Chip, 2007, 7, 1515-1523
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During the first week of observation, we transferred the
worms to fresh plates each day in order to separate the worms
from their progeny. We monitored survival each day by
prodding each worm with a platinum wire and observing
whether or not the worm moved in response to the prod. Worms
that did not move were scored as dead.*! Fig. 6¢ contrasts a live
worm (Fig. 6¢,i) with a dead worm (Fig. 6¢,ii) at day 16 of the
lifespan study. The mean lifespan of the worms was (15 + 5)
days, which was in agreement with the literature** value for the
mean lifespan of a population of healthy worms at 20 °C. Fig. 6a
shows the survival curve for the population.

We also monitored the production of progeny in a separate
group of 4 worms that had been randomly selected after being
removed from the device. In agreement with observations in
the literature,*” each worm produced hundreds of progeny
over a 6 day period.

Based on these data, we concluded that the process of
introducing the worms into the clamps, immobilizing them,
and releasing them from the device does not cause significant
damage to the worms.

Conclusions

The array of worm clamps described here rapidly immobilizes
over 100 worms at once. This device should allow researchers
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Fig. 6 Survival of worms following immobilization within the array
of 128 clamps. (a) Lifespan curve for a sample of 21 worms following
removal from the 128-clamp device. Worms were monitored each day
and scored as alive or dead. Each point in the lifespan curve represents
the percentage of the initial population of 21 worms that are still alive
on that day. Worms were hatched from eggs on day 0, and were
immobilized within the 128-clamp device on day 2. The average
lifespan of the worms was (15 + 5) days. (b) Freely crawling worms on
day 2, following removal from the 128-clamp device. Worms were
crawling and feeding normally. (c) Worms on day 16. Some worms
appeared healthy (i), while others appeared bloated and lacked
motility (ii).

of C. elegans to perform morphological analysis, microsurgery,
and fluorescence imaging in high-throughput experiments. The
ability to monitor large numbers of immobilized worms
rapidly and in parallel will enable researchers to investigate
natural variations in the physiology and behavior of large
populations of C. elegans. In principle, the immobilization
device could also be useful for the identification of certain
types of mutant phenotypes in forward genetic screens;* in
particular, the device should be useful for identifying muta-
tions affecting anatomical structure or body size.

With the current design, the clamps themselves can be used
as analytical devices to measure the size distribution of a
population of worms. The ability to measure size easily is
potentially useful for monitoring the effects of genetic
perturbations and/or environmental conditions on body size.

Modifications to the current design could introduce new
capabilities. Because this approach for immobilizing worms
uses microchannels, it should be possible to introduce
additional microfluidic components that would enable the
delivery of solutions of chemicals to the worms during
immobilization. It should also be possible to subject immobi-
lized worms to other forms of external stimuli, such as light,
mechanical stress, or electrical stimulation. In addition,
because the immobilization device creates an ordered array
of immobilized worms, it should be possible to automate the
acquisition of data using a motorized microscope stage.

Experimental
Materials

All reagents were purchased from Sigma or VWR unless
otherwise stated. NGM was prepared by mixing 3 g NaCl, 17 g
Bacto agar, and 2.5 g Bacto ™ peptone into 975 mL of water.
The mixture was autoclaved for 1 h and cooled to 55 °C.
Following the autoclaving step, | mL 1 M CaCl,, 1 mL of a
solution of cholesterol (5 mg mL™! in ethanol), 1 mL 1 M
MgSO, and 25 mL 1 M KPO, buffer (0.8 M KH,POy, 0.2 M
K>HPO,, adjusted to pH 6.0) were added to the solution.
Aliquots (11 mL) of the NGM solution were dispensed into
60 mm petri dishes and stored at 4 °C. M9 buffer was prepared
by combining 3 g KH,PO,, 6 g Na,HPO,, 5 g NaCl and 1 mL
1 M MgSO,, and adding H,O to 1 L. The buffer was sterilized
by autoclaving. All experiments were performed in compliance
with the guidelines set forth by Harvard University’s
Institutional Animal Care and Use Committee (IACUC).

Fabrication of PDMS devices

The design of the 128-clamp device, shown in Fig. 3, contained
128 clamps, organized into 8 groups of 16 clamps. Within each
group, the clamps were arrayed at a spacing of 300 um. Each
clamp consisted of a 5 mm long tapered segment, which
tapered from 100 pm to 10 pm in width, followed by a 1 mm
long segment that was 10 um in width, and subsequently
followed by a 1 mm long segment that was 100 um in width. In
the design of the branching inlet and outlet channels, each
curved segment was made up of two, equally sized, quarter-
circles, with a thickness of 100 pm. The radii of curvature of
the quarter-circles, from largest to smallest, were: 2560 pm,
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1280 pm, 640 pm, 600 pm, 300 um, 150 um, and 75 pm. The
height of all of the channels in the device was 55 pm.*

We fabricated our microfluidic devices using standard
techniques of soft lithography.”” We used standard photo-
lithography to pattern features of SU-8 photoresist
(Microchem Corp., Newton, MA, USA) in relief on a silicon
wafer (Silicon Sense, Inc., Nashua, NH, USA). This silicon
master then served as a template for molding devices in
poly(dimethyl siloxane) (PDMS, Dow Corning Sylgard 184,
Corning, NY, USA). To prevent PDMS from adhering to the
master during the molding process, we exposed the master to
tridecafluoro(1,1,2,2 tetrahydroooctyl) trichlorosilane (Gelest,
Inc., Philadelphia, PA, USA) under vacuum.

To create PDMS devices from the master, we casted PDMS
prepolymer against the silicon master, and cured the PDMS
for 3 h at 60 °C. Once the PDMS had cured, we removed the
PDMS slab from the master and punched inlet and outlet
holes using a circular biopsy punch (1.5 mm diameter, Shoney
Scientific Inc., Waukesha, WI, USA). We sealed the PDMS
slab to either a glass slide (50 x 75 mm, 1.2 mm thick, VWR)
or a glass coverslip (48 x 65 mm, No. 1 thickness, Gold Seal™®
Cover Glass, Fisher Scientific Co., Boston, MA, USA) by
exposing the surfaces of the glass and the PDMS slab to an air
plasma for five minutes and one minute, respectively. This
process oxidized the surfaces, and rendered them hydrophilic.
By placing the oxidized surfaces in contact, we created an
irreversible, covalent seal between the PDMS and the glass
substrate. After sealing the surfaces together, we placed the
device in an oven for 10 min at 60 °C to allow the surfaces to
bond completely. We then immediately filled the channels of
the device with liquid (water or M9 buffer) to prevent the
channels from reverting to the hydrophobic state.*’

Preparing NGM plates seeded with bacteria

Saturated cultures of E. coli (OP50) were grown by inoculating
10 mL of LB medium (10 g L™ ! tryptone, 5 g L™ ! yeast extract,
5gL ' NaCl, 1 mL 1 M NaOH) with E. coli and incubating
the culture for 16 h at 37 °C. We seeded NGM plates with
bacteria by adding 2-3 mL of saturated OP50 to each plate
and leaving the plates at room temperature for 2-3 days.

Maintenance of C. elegans

Wild-type (N2) strains of C. elegans were obtained from the
Caenorhabditis Genetics Center at the University of
Minnesota (St. Paul). Worms were grown at 20 °C on NGM
agar that had been previously seeded with the OP50 strain of
E. coli (food source).”” Worms were transferred to fresh plates
of NGM with E. coli every 7-10 days to maintain healthy (not
starved) stocks of worms.

Preparation of synchronous worms

We prepared populations of synchronous worms as described
in the literature.’” We transferred approximately 25 gravid
(egg-containing) adult worms from a bacterial lawn into a
small volume (0.5 mL) of a 1 : 1 mixture of 1 M sodium
hydroxide and sodium hypochlorite on an unseeded NGM
plate. Within 10 min, the alkaline hypochlorite solution had

dissolved the bodies of the adult worms; the developing
embryos within the adult worms, however, are encased in
chitinous shells, which protect them from damage.®®

The eggs that were released were collected from the NGM
plate using 1 mL of M9 buffer per plate. The suspension of
eggs was centrifuged at 1300 x g for 30 s. The supernatant
liquid was removed and replaced by fresh M9 buffer. This
washing step was repeated two times.

We incubated the eggs at 20 °C in M9, without food,
overnight to allow eggs to hatch into the first larval stage (L1).
The next morning, we transferred the L1 worms to NGM
plates containing E. coli, and incubated them at 20 °C for
approximately 45 h, to allow them to reach the young adult
stage.

Monitoring survival in C. elegans

We monitored the lifespans of the worms by observing each
day whether or not the animals moved in response to being
touched with a platinum wire.*! Worms that did not move
were scored as dead. Worms were removed from the analysis
of lifespans if they were lost during incubation. (Worms
occasionally crawl off of the agar and onto the side of the
polystyrene petri dish in which they are incubated. These
worms usually die from desiccation.) During the first week
following removal of the worms from the device, we
transferred the worms to fresh plates every day in order to
separate the worms from their progeny.
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